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2  REVIEW OF THE LITERATURE

2.1  The actin cytoskeleton

Actin is a defining feature of eukaryotes, where it commonly is one of the most

abundant proteins. Actin filaments participate in biological processes ranging from

amoeboid movements of protozoa and human white blood cells to muscle contraction.

Some of these processes, including muscle contraction and cytokinesis require motor

proteins of the myosin family, which produce directed force along actin filaments.

Other motile processes including the extension of pseudopods, are driven by the

regulated assembly and disassembly of a network of actin filaments that pushes forward

the plasma membrane (Tilney et al., 1981; Condeelis, 1993; Small, 1993). The dynamic

behavior of the actin cytoskeleton is controlled by a large number of proteins that

regulate actin filament polymerization, depolymerization and three-dimensional

organization (Welch et al., 1997a, Pollard et al., 2000, Pantaloni et al., 2001). External

stimuli, acting through a variety of cell surface receptors, control these reactions,

allowing cells to move toward attractive stimuli and away from harm (Rickert et al.,

2000; Chung et al., 2001).

2.1.1  Actin filaments

Actin is a 43 kD protein which binds an adenine nucleotide. Unpolymerized actin in

cells typically has an ATP, which is hydrolyzed to ADP after polymerization (Fig. 1)

(Wegner, 1976). Actin filaments are polarized, right-handed, double-helical polymers.

One end of the filament is termed the barbed end or plus end and the other is termed the

pointed end or minus end (Wang, 1985). Polarity is important as the two ends differ in

their affinities and kinetics of association of monomers and they interact with different

proteins that regulate the assembly and architecture of actin filament networks (Pollard

et al., 2000; Pantaloni et al., 2001). Filaments grow more rapidly from the barbed ends

than from the pointed ends. The rates and equilibrium are sensitive to the bound

nucleotide. Elongation of barbed ends by Mg-ATP-actin, is not only faster than at

pointed ends, but it is also more favorable with a critical concentration about ten times

lower than at the pointed end (Carlier and Pantaloni, 1997). This difference in critical
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actin monomer concentration for polymerization at the two ends results in a steady flux

of subunits through the filament due to net addition at the barbed end and net loss at the

pointed end, referred to as "treadmilling" (Fig. 1) (Wang, 1985; Small, 1995).

Figure 1. Treadmilling of actin. Intrinsic treadmilling
of actin filaments reflects the energetic imbalance
between the barbed ends and the pointed ends. Barbed
ends grow and pointed ends disassemble. T=ATP-
actin, DPi=ADP-Pi-actin, D=ADP-actin. (Adapted
from Pantaloni et al., 2001)

Initiation of an actin filament from monomers is called nucleation, because the rate-

limiting step is the formation of a small oligomer called a nucleus. Nuclei consist of

three actin molecules. Nature has arranged for spontaneous nucleation to be

unfavorable, turning the responsibility for the generation of new filaments over to

regulatory proteins. In the past 4 years, the Arp2/3 complex (Machesky et al., 1994;

Welch et al., 1997b; Winter et al., 1997; Ma et al., 1998) has emerged as the long

sought cellular nucleator of actin filaments. It is a complex of seven polypeptides

including two actin related proteins, Arp2 and Arp3 (Mullins and Pollard, 1999). This

complex was found to bind to the side and/or barbed end of filaments serving as a

starting point for a new filament (Mullins et al., 1998; Blanchoin et al., 2000; Pantaloni

et al., 2001). Recently, there were proteins identified that can activate the Arp2/3

complex. The first identified endogenous cellular activator of the Arp2/3 complex was

the WASp/Scar family of adaptor proteins (Higgs and Pollard, 1999; Machesky et al.,

1999; Rohatgi et al., 1999; Winter et al., 1999; Yarar et al., 1999) (Fig. 2). WASp is

intrinsically inactive, apparently due to autoinhibition of the activation domain. The

Rho-family small GTPase Cdc42 (Rohatgi et al., 1999; Yarar et al., 1999) and acidic

phospholipids, such as PI(4,5)P2, can overcome this auto-inhibition (Rohatgi et al.,

1999).

Actin filaments are polymerized from monomeric G-actin (globular actin) in

lamellipodia and filopodia at the cell periphery (Wang, 1985; Machesky and Hall,

1997). It has been proposed that the actin filaments found in the remainder of the cells
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have their origin in the lamellipodium (Fig. 3) (Small et al., 1998) and in small

membrane ruffles occurring throughout the lamella (Schafer et al., 1998).

Although the cellular actin concentration favors under physiological salt conditions

actin polymerization, there is about 50 % of the total cellular actin unpolymerized. Two

complementary mechanisms maintain a high concentration of unpolymerized actin. All

eukaryotic cells studied have a small protein called profilin that binds actin monomers

in a way that inhibits nucleation and elongation of pointed ends but not elongation of

barbed ends (Pollard and Cooper, 1984; Pring et al., 1992; Pantaloni and Carlier, 1993).

However, the actin-profilin pool would be rapidly depleted without the help of an

additional family of proteins that cap the barbed ends of the actin filaments (DiNubile et

al., 1995). Together, profilin and capping proteins facilitate the maintenance of the huge

pool of polymerization-competent actin subunits, poised for explosive growth when the

cell produces free barbed ends (Fig. 2). In addition to profilin, animal cells typically use

another small protein, thymosin-β4 (Safer and Nachmias, 1994), to sequester a part of

the actin monomer pool in a form incapable of polymerization (Goldschmidt-Clermont,

1992; Carlier et al., 1993).

Figure 2. Model of the assembly and disassembly of the dendritic actin filament network at the leading
edge of a cell. ATP-actin is shown in white, ADP-Pi-actin in orange, ADP-actin in red and profilin in
black. (Adapted from Blanchoin et al., 2000)
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2.1.2  Actin filament assemblies

Actin filaments can be organized into numerous structures in cells. The most notable

assemblies of actin filaments in cultured cells are bundles of actin filaments with mixed

polarity called stress fibres, three dimensional networks found in lamellipodia and

bundles of unipolar actin filaments in filopodia. Other frequently occurring types of

act in  f i lament

assemblies are

d o r s a l  a r c s ,

peripheral, concave

or convex bundles,

geodesic arrays and

l e s s  o b v i o u s

networks between

the stress fibre

bundles (Small,

1988; Heath and

Holifield, 1993;

Small et al., 1998)

(Fig. 3).

F i g u r e  3 .  A)
Schematic diagram of
an idealized fibroblast
actin cytoskeleton.
LAM= lamellipodium,
MS= microspikes,
FIL= filopodia, P.B.=
peripheral bundles,
v.S.F= ventral stress
fibres, d.S.F.= dorsal
stress fibres. a,b =
precursor contacts,
c,d= focal contacts. m=
myosin. The three
small GTPases Rho,
Rac and Cdc42 are
placed so as to indicate

which actin subcompartments they induce. (Adapted from Small et al., 1998)
B) Cellular F-actin staining demonstrating stress fibres  (S.F.), lamellipodium (LAM) and filopodia (FIL).
B16F1 cells were plated on fibronectin, fixed with PFA and stained with Alexa-594 phalloidin. Bar, 10
µm.
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These assemblies can be divided into two groups, according to whether they exhibit

unipolar or bipolar arrays of actin filaments. The organization of each of these

assemblies is stabilized by specific sets of actin-associated proteins, conferring on them

different functions. Lamellipodia, the thin veil-like extensions of the cell periphery, are

comprised of a planar meshwork of unipolar actin filaments whose fast-growing barbed

ends are oriented outwards. Filopodia or microspikes are bundles of actin filaments

(0.15 µm diameter), which are embedded within or extend from lamellipodia and also

contain actin filaments of single polarity. They are more or less numerous depending on

cell type and conditions. Both lamellipodia and filopodia are protrusive elements, which

can form without anchorage of the cell to a substrate. Stress fibres and the dorsal arcs,

as well as the peripheral bundles that delimit the cell edge or the base of non-motile

lamellipodia, contain bipolar arrays of actin and myosin type II and thus possess the

ability to contract and exert tension. These latter structures require substrate anchorage

for their formation (Fig. 3) (Small et al., 1999a).

Cell attachment to a substrate occurs via specific, focal sites of adhesion. At these sites,

transmembrane matrix receptors (integrins) link matrix ligands on the outside of the cell

with the actin cytoskeleton on the inside of the cell (Yamada and Geiger, 1997).

Different classes of contact sites associate with different actin assemblies. They are

most readily detected by labeling for established contact components such as vinculin or

paxillin. Fine, linear contacts are associated with a sub-population of filopodia; small,

punctuate contacts can be found associated with lamellipodia; and prominent linear or

chevron-shaped contacts (focal adhesions) mark the termini of stress fibre bundles (Fig.

3) (Small et al., 1999b).

To what extent each of these actin filament assemblies is expressed in a cell is largely

determined by the cell type and the nature of the substrate on which it is induced to

spread (Hotchin and Hall, 1995). In B16F1 melanoma cells used in this study, an

additional actin structure can be observed, namely an expanding circular F-actin

containing structure, referred to as "actin cloud" (Fig. 4). These actin clouds were found

to be associated with cell shape changes and a reorganization of the actin cytoskeleton

(Ballestrem et al., 1998). These actin clouds could represent circular membrane ruffles,

which have been observed in many cells after platelet-derived growth factor (PDGF)

stimulation [Mellström et al., 1983 (human glial cells), 1988 (human fibroblasts);

Arvidsson et al., 1992 (porcine aortic endothelial cells)]. But, instead of being dorsal,
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the actin clouds in B16F1 cells are always associated with the ventral side of the cell

(Ballestrem et al., 1998).

Figure 4. Actin clouds. B16F1 cells were treated
with vanadate, fixed with glutaraldehyde and
stained with Alexa-594 phalloidin. Bar, 10 µm.

2.1.3  Actin plays an important role in cell migration

It is now well accepted that cell locomotion and, more generally, changes in cell shape

in response to stimuli are powered by actin polymerization (Fig. 2) (Tilney et al., 1981;

Condeelis, 1993; Small, 1993). Cell migration is preceded by polarization of the cell,

which leads to a functional asymmetry observable by the formation of a leading lamella.

The cell can be divided in four distinct parts: (1) The lamellipodium is a short, thin band

at the extreme cell anterior; (2) The lamella is located immediately behind the

lamellipodium and is longer and of intermediate thickness; (3) Behind the lamella, more

centrally located is the largest and the bulkiest region of the cell comprising the nucleus

and most of the organelles referred to often as cell body; (4) The cell posterior is either a

rounded or drawn out tail (Fig. 5) (Cramer et al., 1997).

Figure 5. Different regions of a migrating cell. (A) Diagram of different cell regions and cell locations in
a locomoting fibroblast. (Adapted from Cramer et al., 1997). (B) B16F1 cells were treated with vanadate,
fixed with glutaraldehyde and stained with Alexa 594-phalloidin. Cell regions are indicated.
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The crawling motion of animal cells involves three basic steps: formation of a

lamellipodial protrusion at the front of the cell, adhesion of the lamellipodium to the

substratum, and forward translocation of the cell body (Horwitz and Parsons, 1999). In

motile cells, the focal adhesions remain stationary as the cell moves over them,

confirming that these adhesions serve as points of traction (Lauffenburger and Horwitz,

1996).

While the protrusive event of cell locomotion is thought to be driven by actin

polymerization (Condeelis, 1993; Small, 1993), it is unclear what forces drive the

forward translocation of the cell body. Svitkina et al. (1997) proposed that the forward

translocation of the cell body is driven by contraction of an actin-myosin network in the

lamella/cell body transition zone. Presumably, tension is transmitted to the substratum

through focal adhesions, which impart the net forces that move the cell body forward

and mediate release of adhesions at the rear resulting in retraction of the cells rear.

2.1.4  Regulation of the actin cytoskeleton

To adopt cell shape changes and to be able to migrate up to a chemoattractant gradient,

cells must know what kinds of actin assemblies are required and where they should be

established. In leucocytes responding to a chemoattractant, cell polarity is regulated by

activities of small Rho GTPases and the phosphoinositide 3-kinases (PI 3-kinases)

(Rickert et al., 2000). Rho GTPases, namely Rho, Rac and Cdc42, are known as central

players in signaling the formation of diverse actin filament arrays. Rho activity is

required for stress fibre formation (Ridley and Hall, 1992) and Rac and Cdc42 for the

formation of lamellipodia and filopodia, respectively (Ridley et al., 1992; Nobes and

Hall; 1995) (Fig. 3). Small GTPases cycle between an inactive GDP-bound and an

active GTP-bound form. This cycle is regulated by guanosine nucleotide exchange

factors (GEFs, which catalyze the release of GDP and subsequent binding of GTP,

facilitated by the high GTP/GDP ratio in the cytosol) and GTPase-activating proteins

(GAPs, which stimulate the usually low intrinsic GTPase activity of small GTPases,

converting them from the active to the inactive form) (Fig. 6). Different members of

Rho family GTPases are affected by distinct GEFs and GAPs. Upon GTP binding, the

GTPases acquire a conformation optimal for the binding of effector molecules (Hall,

1998; Van Aelst and D´Souza-Schorey, 1997).
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PI 3-kinase activity has been shown to be necessary and/or sufficient for cytoskeletal

rearrangements (Kotani et al., 1995; Wymann and Arcaro, 1994), the formation of

lamellae, migration and motility (Keely et al., 1997; Shaw et al., 1997; Sander et al.,

1998) and control of cell polarity during G-protein- or PDGF-mediated chemotaxis

(Meili et al., 1999; Hirsch et al., 2000; Li et al., 2000; Sasaki et al., 2000; Servant et al.,

2000; Wennström et al., 1994a, 1994b; Wymann and Arcaro, 1994; Hawkins et al.,

1995; Haugh et al., 2000). Activation of uniformly distributed G-protein coupled

receptors on the cell surface leads to the intracellular stimulation of PI 3-kinases and a

highly polarized accumulation of PI(3,4,5)P3 and/or PI(3,4)P2 to the plasma membrane

at the leading edge of polarized and migrating cells (Fig. 6) (Meili et al., 1999; Servant

et al., 2000; Rickert et al., 2000; Chung et al., 2001). Although it is not clear how PI 3-

kinases affect the actin cytoskeleton, there is evidence that they do so via regulation of

GEFs and GAPs for small GTPases (Han et al., 1998; Fleming et al., 2000; Das et al.,

2000) (Fig. 6). A common theme among these GEFs and GAPs is the presence of one or

more PH domains. The PH domain is a structural module of approximately 100-120

amino acid residues (Haslam et al., 1993; Mayer et al., 1993; Gibson et al., 1994;

Musacchio et al., 1993) and several of them have been demonstrated to bind with high

specificity to differently phosphorylated phosphoinositides (Kavran et al., 1998; Rameh

et al., 1997a).

One interesting example of a protein involved in the regulation of the actin cytoskeleton

is a class IX myosin, myosin 9b, formerly referred to as myr 5 (fifth unconventional

myosin from rat). In addition to its myosin head that interacts with actin filaments,

myosin 9b encompasses in its polypeptide a Rho-GAP domain, thus providing the first

direct link between Rho GTPases and the actin cytoskeleton (Reinhard et al., 1995;

Müller et al., 1997).
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Figure 6.  Signal
processing that may
o r c h e s t r a t e  c e l l
p o l a r i t y  d u r i n g
c h e m o t a x i s .  ( a )
Summary of active
signal transduction
cascades  du r ing
chemotaxis. Binding
of chemoattractant
(CA) to G-protein-
coupled chemoattrac-
tant receptors results
in the dissociation of
G protein heterotrimer
Gαi  a n d  Gβγ.
Dissociated G protein
activates PI 3-kinase.
PI 3-kinase phospho-
rylates PI(4,5)P2 to
generate PI(3,4,5)P3,
which activates GEFs
for the Rho GTPases
Rac and Cdc42. The
latter two proteins
induce localized actin
polymerization. Fi-
nally, GAPs catalyze
the conversion of
active GTP-bound
Rac/Cdc42 to their
inactive GDP-bound
forms. (b) Localized
activation of PI 3-
kinases leads to the
accumula t ion  o f
PI(3,4,5)P3 a n d
PI(3,4)P2 (indicated as
balls), forming a

gradient of lipid products that is steeper than the chemoattractant gradient. (Adapted from Weiner, 2002)

2.2  Rat myosin 9b

Figure 7. Schematic representation of myosin 9b protein. The myosin 9b contains a motor domain, neck
domain with four IQ motifs and a tail region, respectively. The N-terminal extension, the insertion, the
four IQ motifs, the zinc binding domain (Zn) and the GAP domain are indicated. (Adapted from Inoue et
al., 2002)
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Rat myosin 9b is an unconventional class IX myosin composed of an N-terminal head

(motor) domain and a C-terminal tail domain. Myosins are motor proteins, which use

the energy of ATP hydrolysis to move along actin filaments. The tail domain of a

myosin determines its specific function in cells. In comparison with conventional class

II myosins, the myosin 9b head domain exhibits an N-terminal extension of ~140 amino

acids and an insertion of 126 amino acids (Reinhard et al., 1995). The 126 amino acid

insertion has been proposed to represent an additional actin contact site (Rayment et al.,

1993; Schröder et al., 1993; Kalhammer, 1997). In the neck region, myosin 9b has four

IQ motifs (Reinhard et al., 1995), which represent calmodulin/EF-hand type protein

light chain binding sites (Bähler et al., 1994). At least a subset of myosin 9b light chains

is calmodulin (Post et al., 1998 and 2002). The myosin 9b tail amino acid sequence

exhibits no similarity to myosin II tail sequences and it is not predicted to form an α-

helical coiled-coil structure. The tail region is composed of four arbitrarily defined

regions: (i) a long relatively proline-rich region (bait for SWAP-70 fishing), (ii) a

cysteine-rich region (C6H2 motif, coordinates two zinc ions), (iii) a region with

homology to GAPs of the Rho subfamily of small GTP binding proteins and (iv) an

acidic C-terminal region (Reinhard et al., 1995) (Fig. 7).

The GAP domain of myosin 9b specifically stimulates GTP hydrolysis on Rho in vitro

and in vivo (Reinhard et al., 1995; Müller et al., 1997). NRK and HtTa-1 HeLa cells

transiently transfected with myr 5 showed a dramatic alteration in morphology. They

became more refractile, rounded up, and exhibited extensions that frequently contacted

neighboring cells or even crossed over them. These morphological changes were caused

by changes in cytoskeleton organization and cell adhesion. In transfected cells the stress

fibres were either absent or strongly reduced depending on the expression level of

myosin 9b. However, transfected cells still exhibited F-actin staining in cortical regions,

such as in lamellipodia, and in the cytoplasm. Focal contacts were either absent or

strongly reduced in number and size. These alterations can be attributed to the

inactivation of Rho by Rho-GAP activity. The HtTa-1 HeLa cells transfected with

myosin 9b carrying the R1695M point mutation that abolishes the GAP activity did not

show any obvious changes (Müller et al., 1997). Because Rho is thought to be crucial

for the transformation of lamellipodia into the mature Shigella entry sites, the function

of myosin 9b in HeLa cell infection by Shigella was studied. As expected, myosin 9b

was recruited to the bacterial entry sites. The recruitment pattern resembled that of
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RhoC, but not RhoA, suggesting that the actual reaction partner of myosin 9b during

Shigella invasion in vivo is RhoC, although in vitro GAP activity of myosin 9b was

similar for RhoA, B and C (Graf et al., 2000).

In NRK cells, endogenous myosin 9b was localized in dynamic actin containing regions

of the plasma membrane, in the perinuclear region, in the cytosol, and occasionally

along stress fibres. These myosin 9b localization data suggest that myosin 9b shuttles

between different compartments and are compatible with the notion that the myosin

domain might participate in determining the cellular localization of myosin 9b (Müller

et al., 1997).

Recently, myosin 9b was shown to be a single-headed minus-end directed processive

motor. It has an exceptionally high affinity binding to actin, even in the presence of

ATP. It is speculated that interaction between the 126 amino acid insertion and the actin

filament prevents the dissociation of myosin 9b from actin filaments. Therefore, myosin

9b can stay on the actin filament and take many steps before diffusing away from its

track (Post et al., 2002; Inoue et al., 2002). Although highly speculative, it is of interest

to consider how such processive motor behavior could be involved in the down-

regulation of Rho-dependent signaling pathways by myosin 9b. It is proposed that the

motor domain carries the Rho-GAP to the sites that require down-regulation of Rho-

dependent signaling. However, a functional motor domain was not necessary for

recruitment of myosin 9b to bacterial entry sites in cell infection by Shigella (Graf et al.,

2000). Therefore, it is probable that myosin 9b gets recruited to the plasma membrane

with the help of a binding partner. One potential candidate was identified in a two-

hybrid-screen (unpublished observations, Martin Hund). This candidate protein is a PH

domain containing protein called SWAP-70.

2.3  SWAP-70

The protein SWAP-70 was originally isolated as part of a DNA recombination complex

in B lymphocytes. This DNA recombination complex was called SWAP, since in a

DNA transfer assay, SWAP preferentially recombines ("swaps") sequences derived



REVIEW OF THE LITERATURE16

from Ig heavy chain switch regions in vitro (Borggrefe et al., 1998). SWAP-70 is a

protein of 585 amino acids with a molecular weight of 70 kD (Borggrefe et al., 1998). It

has been identified from mouse and human and their cDNA sequences are 95%

homologous to each other (Borggrefe et al., 1998; Ishikawa et al., 1998; Masat et al.,

2000a). The human genomic sequence was recently determined and the chromosomal

location was mapped to chromosome 11p15.2. SWAP-70 consists of 12 exons spread

over 89 kb (Rapalus et al., 2001). The mouse SWAP-70 gene was mapped to mid

Chromosome 7 (Masat et al., 2000b).

SWAP-70 does not belong to any known protein family and the only protein found to be

related to SWAP-70 is a protein called def-6 (differentially expressed in the

haemopoietic system) (Hotfilder et al., 1999). Although SWAP-70 has a unique protein

sequence, it contains some functional domains present also in other proteins. The

SWAP-70 protein encompasses a proposed EF-hand motif, which is known as a

calcium-binding motif, a pleckstrin homology (PH) domain, and a region predicted to

adopt a coiled-coil structure (Borggrefe et al., 1998; Masat et al., 2000a). During the

writing process, Shinohara et al. (2002a) also reported that SWAP-70 exhibits a region

homologous to Dbl homology (DH) domains that act as GEFs for Rho family small

GTPases (Fig. 8).

Figure 8. Schematic representation of SWAP-70. The putative EF-hand domain (EF), PH domain (PH),
region of putative coiled-coil structure (CC) and DH domain (DH) are indicated.

SWAP-70 has been reported to be a B-cell specific protein (Borggrefe et al., 1998 and

1999; Masat et al., 2000a). However, Ishikawa et al. (1998) has reported the cloning of

SWAP-70 (KIAA0640) from a human brain cDNA library. Furthermore, RT-PCR

experiments detected SWAP-70 mRNA expression in all of the ten different tissues

analyzed (Ishikawa et al., 1998).
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Intracellular localization of SWAP-70 has been reported to depend on cell activation

indicating that SWAP-70 might be involved in signal transduction. Stimulation of the B

cell receptor triggered a translocation of SWAP-70 from the cytosol to the plasma

membrane in B cells. This translocation required a functional PH-domain (Masat et al.,

2000a).

Borggrefe et al. (2001) studied the function of SWAP-70 by generating a SWAP-70

knock out mouse. Mice that were deficient in SWAP-70 were phenotypically healthy

but their B cells were hypersensitive to γ-irradiation, and mice showed a compromised

CD40 signaling and impaired switching to the immunoglobulin-ε (IgE) class. These

results suggested that SWAP-70 plays a role in immunoglubulin class switching

(Borggrefe et al., 2001). Very recently, however, it was reported that SWAP-70

functions as a Rac-GEF in growth factor induced membrane ruffling. The SWAP-70

Rac-GEF activity was turned on by PI(3,4,5)P3 produced by the activation of PI 3-

kinases. The binding site for PI(3,4,5)P3 was shown to reside in the PH domain of

SWAP-70 (Shinohara et al., 2002a).

2.4  3-Phosphoinositide - signaling in cells

2.4.1  3-Phosphoinositides

Phosphoinositide (PI) is a collective term for phosphatidylinositol (PtdIns) and its

phosphorylated derivatives (Fruman et al., 1998; Martin et al., 1998). PtdIns consists of

D-myo-inositol-1-phosphate linked via its phosphate group to diacylglycerol. The D-

myo-inositol head group of PtdIns contains five hydroxy groups, three of which are

known to be targets of phosphorylation (Fig. 9). These positions may be reversibly

phosphorylated in various combinations yielding a myriad of PtdIns derivatives: PI(3)P,

PI(4)P, PI(5)P, PI(3,4)P2, PI(3,5)P2, PI(4,5)P2 and PI(3,4,5)P3. Among the eight PI

species known in eukaryotic cells, PtdIns is the most abundant and its concentration can

be 10-20-fold higher than those of PI(4)P and PI(4,5)P2, which are present at

comparable levels. The other PIs are present at lower levels and less than 0.25% of the

total inositol-containing lipids are phosphorylated at the 3-position (Rameh and Cantley,
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1999). From these PIPs mono phosphorylated PI(3)P is constitutively present in

mammalian cells (Auger et al., 1989) and therefore is thought to play a more central,

metabolic role whilst the more highly phosphorylated PIPs function as ligand

responsive second messengers (Serunian et al., 1990; Auger et al., 1989; Varticovski et

al., 1989; Varticovski et al., 1991). In resting cells, both PI(3,4)P2 and PI(3,4,5)P3 are

almost undetectable (Auger et al., 1989). Following receptor stimulation, the combined

activity of PI 3-kinases and inositol polyphosphate 5-phosphatases (PIP 5-phosphatases)

results in the transient production of PI(3,4,5)P3 and, after a short lag, PI(3,4)P2

(Stephens et al., 1991; Auger and Cantley, 1991). PI(3,4)P2 is thought to arise largely

through dephosphorylation of the 5-position phosphate of PI(3,4,5)P3 by phosphatases

such as SHIP, the SH2 domain containing inositol 5´-phosphatase (Stephens et al.,

1993; Erneux et al., 1998). Consistent with this, PI(3,4,5)P3 accumulation is immediate

and transient, whereas PI(3,4)P2 accumulation is delayed and significantly more

sustained (Stephens et al., 1993; Franke et al., 1997). Even after receptor stimulation,

the amount of PI(3,4)P2 or PI(3,4,5)P3 is at least 25 times lower than of PI(4,5)P2

(Lemmon and Ferguson, 2000). Several reports have also described an accumulation of

PI(3,4)P2 without the preceding PI(3,4,5)P3 production. Banfic et al. (1998a and 1998b)

have reported that ligation of platelet integrins induces PI(3,4)P2 generation by a PI(3)P

4-kinase. Similarly, oxidative stress of mouse fibroblasts appears to cause a sustained

and selective accumulation of PI(3,4)P2, with little apparent involvement of PI(3,4,5)P3

(Van der Kaay et al., 1999). Class II PI 3-kinases can also phosphorylate PI(4)P to

generate PI(3,4)P2 (MacDougall et al., 1995; Virbasius et al., 1996; Domin et al., 1997).

The regulation of PI(3,4)P2/ PI(3,4,5)P3 ratios appear to have significant cellular

consequences.

The most recently characterized 3-PI is PI(3,5)P2, which is generated by the action of a

5-kinase on PI(3)P (Whiteford et al., 1997; Dove et al., 1997). The endogenous levels of

PI(3,5)P2 are normally low, but in T-lymphocytes, hyperosmotic conditions have been

shown to induce an increase of PI(3,5)P2 (Jones et al., 1999). In mammalian fibroblasts,

PI(3,5)P2 levels have been found to inversely relate to the external osmotic pressure.

PI(3,5)P2 is thus another 3-PI lipid that functions as second messenger (Dove et al.,

1997).
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Figure 9. Chemical structure of PtdIns. The
hydroxy groups at positions 3,4 and 5 of the
inositol ring can be reversibly phosphorylated in
all possible combinations to give rise to various
species of PIs. (Adapted from Vanhaesebroeck et
al., 2001)

Regulation of synthesis of different PI lipid products can be accomplished by

controlling the activities of PI 3-kinase isoforms or other PI-kinases. A spatial

specificity can be obtained by recruitment of lipid kinases to specific subcellular

compartments and a consecutive increase in local production of lipids where a specific

target may be available. Generally, PI(3,4)P2, PI(4,5)P2 and PI(3,4,5)P3 are enriched in

the plasma membrane (Czech, 2000; Gray et al., 1999; Stauffer et al., 1998; Varnai and

Balla, 1998), whereas PI(3)P is enriched in the endosomal compartments (Gillooly et

al., 2000).

2.4.2  PI -kinases and -phosphatases

PIP synthesis is regulated by PI-kinases and phosphatidylinositol phosphate (PIP)

kinases (PIP-kinases), while PI degradation is governed by lipid phosphatases. The

hydroxy groups at positions 3, 4 and 5 on the inositol ring can be phosphorylated by the

following types of lipid kinases: PtdIns 3-kinases, PtdIns 4-kinases, PtdIns 5-kinases

and PIP-kinases (Fruman et al., 1998; Odorizzi et al., 2000; Vanhaesebroeck et al.,

2001).
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Three classes of PI 3-kinases have been identified based on their primary structure,

regulation and substrate specificity (Fig. 10) (Domin and Waterfield, 1997). Class I PI

3-kinases form a heterodimeric complex with an adaptor protein, which renders them

responsive to ligand stimulation. In vitro, they can utilize PtdIns, PI(4)P and PI(4,5)P2

as substrates but in the cell, they appear to preferentially phosphorylate PI(4,5)P2

(Vanhaesebroeck et al., 2001). This class of PI 3-kinases is further subdivided based on

the form of adaptor subunit, which is associated with the catalytic subunit. Class IA

consists of a 110-120-kD catalytic subunit and an adaptor protein of 85 kD (p85), which

contains two src homology 2 (SH2) domains. The SH2 domains in p85 bind tightly to

phosphotyrosines leading to the activation of the PI 3-kinase (Backer et al., 1992;

Carpenter et al., 1993; Rordord-Nikolic et al., 1995). Mammalian class IA catalytic

subunits include p110α, p110β, and p110δ (Hiles et al., 1992; Hu et al., 1993;

Vanhaesebroeck et al., 1997). They all contain a domain that binds p85, a region for ras

association (Rodriguez-Viciana et al., 1996), a PI-kinase domain and a C-terminal

catalytic domain. p110α and p110β demonstrate a ubiquitous tissue distribution,

whereas p110δ is restricted to leucocytes implying a specific function (Vanhaesebroeck

et al., 1997). Class IB contains the G-protein-activated enzyme p110γ (Stoyanov et al.,

1995). This PI 3-kinase isoenzyme does not bind a p85 adaptor, but instead a molecule

termed p101 (Stephens et al., 1997). Binding of p110γ to the adaptor p101 rendered it

considerably more sensitive to activation by the βγ subunit of trimeric G-proteins.

Class II PI 3-kinase catalytic subunits are the largest (170-220 kD) and the most

recently identified form of PI 3-kinases. They are distinguished from other PI 3-kinase

isoenzymes by the presence of two tandem domains at their carboxyl terminus. The first

is termed a phox homology (PX) domain (Ponting et al., 1996) and the second a C2

domain. The C2 domain is a phospholipid-binding module that can confer Ca2+

sensitivity (Rizo and Südhof, 1998). Mammalians have three class II isoforms: PI 3K-

C2α, β and γ (Domin et al., 1997; Vanhaesebroeck et al., 2001). In vitro, class II PI 3-

kinases can use PtdIns, PI(4)P and PI(4,5)P2 as substrates, with a strong preference for

PtdIns over PI(4)P over PI(4,5)P2 (Domin and Waterfield, 1997; Vanhaesebroeck et al.,

2001).
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Class III PI 3-kinases contain only a single enzyme termed Vps34p in yeast (Herman

and Emr, 1990; Schu et al., 1993) and its human homologue is PtdIns 3-kinase (Volinia

et al., 1995). They both can phosphorylate only PtdIns producing PI(3)P. In yeast, this

PI 3-kinase isoenzyme regulates vesicular trafficking, osmoregulation and endocytosis

(De Camilli et al., 1996). Vps34p binds the ser/thr kinase Vps15p, which recruits it to

membranes and activates the lipid kinase activity (Herman et al., 1991; Stack et al.,

1993). Similarly, human PtdIns 3-kinase binds p150, a homologue of a Vps15p (Volinia

et al., 1995; Panaretou et al., 1997). Mammalian p150 serves to target the PtdIns 3-

kinase to perinuclear localization and it appears likely that it also regulates vesicular

trafficking (Domain and Waterfield, 1997).

Figure 10. The classification of PI 3-kinase family members. The assignment of catalytic subunits to a
particular class is based on sequence homology within the catalytic domain (Zvelebil et al., 1996). To
date, PI3K-C2α is the only class II member which has been shown to phosphorylate PI(4,5)P2. (Adapted
from Domin and Waterfield, 1997)

In addition to PI 3-kinases, two other classes of PIP-kinases are involved in the

generation of 3-PIPs: PIP 5-kinases and PIP 4-kinases, which phosphorylate the D-5

and D-4 positions in the inositol ring, respectively. PIP 5-kinases can phosphorylate

PI(3,4)P2 to PI(3,4,5)P3 and PI(3)P to PI(3,5)P2 (Zhang et al., 1997; Fruman et al.,

1998). The main substrate of PIP 5-kinases is PI(4)P, from which it generates PI(4,5)P2

(Loijens et al., 1996). The PI(4,5)P2 is also the main product of PIP 4-kinases (Rameh et

al., 1997b; Godi et al., 1999; Jones et al., 2000; Honda et al., 1999). Nevertheless, PIP
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4-kinases can also phosphorylate the D-4 position of PI(3)P (Yamamoto et al., 1990).

Phosphoinositide synthesis pathways are summarized in figure 11.

Figure 11. Flow chart of the established (solid arrows) and postulated (broken arrows) steps in PI
synthesis in mammalian cells. (Adapted from Fruman et al., 1998)

Lipid phosphatases that remove phosphate groups at specific positions on the

phosphorylated inositol head group are divided into three major categories based on

their ability to hydrolyze 3-, 4-, or 5-phosphorylated PIPs (Xu et al., 2001). PI 3-

phosphatases include nine members, one of them is the tumor supressor PTEN, which

can dephosphorylate PI(3,4,5)P3 to PI(4,5)P2 and thereby remove the main signaling

product of PI 3-kinases (Maehama et al., 2001). PI 4-phosphatases include two types,

which both are known to down-regulate PI(3,4)P2. PI 5-phosphatases (e.g., SHIP1 and

SHIP2 = Src homology 2 (SH2) domain-containing inositol 5-phosphatases 1 and 2)

catalyze the hydrolysis of PI(3,4,5)P3 to PI(3,4)P2 (Ishihara et al., 1999; Clement et al.,

2001).

2.4.3  Pharmacological regulation of PI-kinases

Wortmannin inhibits PI 3-kinases
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The study of the role of PI 3-kinases in cell physiology has been facilitated by the use of

the fungal metabolite wortmannin, which inhibits most of the PI 3-kinases irreversibly

at nanomolar concentrations (IC50 ~5nM in neutrophils) (Arcaro and Wymann, 1993). A

concentration of 100 nM is sufficient to abolish totally the activity of most PI 3-kinases

in cells. However, it was reported that PI 3-kinase class II protein homologues (mouse

p170, Virbasius et al., 1996; human PI3KC2α, Domin et al., 1997) are less sensitive to

wortmannin. p170 and PI3KC2α activities were inhibited only by relatively high

concentrations of wortmannin (IC50 for p170 ~40-50 nM and 420 nM for PI3KC2α). At

100 nM wortmannin about 20% of the activity of p170 and 80 % of the activity of

PI3KC2α remained. Maximal inhibition of PI3KC2α was only obtained using

wortmannin at 10 mM (Virbasius et al., 1996; Domin et al., 1997).

PI3KC2α and p170 phosphorylate PtdIns and PI(4)P to produce PI(3)P and PI(3,4)P2.

The PI3KC2α enzyme did not distinguish between the two substrates whereas p170

prefered PtdIns as a substrate (Virbasius et al., 1996; Domin et al., 1997). It can be

concluded that the production of PI(3,4,5)P3 is blocked by 100 nM wortmannin, but that

some activity of p170 or PI3KC2α remains that will allow for the production of PI(3)P

and/or PI(3,4)P2. An overdose of wortmannin should be avoided for the reason of

specificity, because at µM concentrations it starts to inhibit also the myosin light-chain

kinase (Nakanishi et al., 1992).

AlF4
- activates trimeric G proteins

The α subunit of heterotrimeric GTP-binding proteins (G proteins) in the inactive GDP-

bound form can be activated by the addition of the complex AlF4
-- ion (Sternweis and

Gilman, 1982). This ion activates Gα. GDP by interacting directly with the oxygen on

the β-phosphate as an analog of the terminal phosphate of GTP (Chabre, 1990). The

geometry resembles the transition state of the pentavalent intermediate for GTP

hydrolysis (Sondek et al., 1994).

A ubiquitous activation of all GTP or ATP hydrolyzing proteins by aluminum fluoride

might be expected. However, only some proteins (e.g., tubulin, actin (Combeau and

Carlier, 1988)) were reported to be able to bind AlF4
- on their own. The small G

proteins do not have the required residues for all the necessary interactions with AlF4
-,
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because they are provided by the GAPs or effectors (e.g., Ras binds AlF4
- only in the

presence of Ras-GAP (Mittal et al., 1996)).

However, much caution should be taken when interpreting an effect of aluminum

fluoride in cellular preparations. Even if it activates specifically trimeric G proteins,

trimeric G proteins themselves activate many separate signaling pathways. Furthermore,

AlF4
- binds to filamentous actin and tubulin and slows down the rate of actin and

tubulin depolymerization (Combeau and Carlier, 1988) affecting probably the

cytoskeleton organization directly. In B16F1 cells, AlF4
- treatment polarized the cells so

that they became highly motile. This effect could be due to stimulation of trimeric G

proteins, which in turn activate PI 3-kinase. The rise of PI 3-kinase dependent lipid

messengers at the plasma membrane will activate Rho family GEF proteins leading to a

fast actin polymerization at the leading edge of the cell (Fig. 6). In support of this

scenario, increased cell motility induced by AlF4
- can be reduced by the expression of

the inactive Rho family member Rac (Hahne et al., 2000).

Vanadate inhibits protein-tyrosine phosphatases

Vanadate (VO4
3-) is a competitive and reversible protein-tyrosine phosphatase (PTP)

inhibitor (Swarup et al., 1982). It is generally considered to serve as a phosphate analog,

since it can adopt a similar structure to inorganic phosphate and mimic the transition

state of many phosphoryl transfer reactions. Vanadate can easily enter the cells, after

which it is reported to be reduced to vanadium(IV), a form which is likely to be a much

less potent inhibitor than vanadium(V) (Cantley and Aisen, 1979; Willsky et al., 1984).

Inhibition of protein tyrosine phosphatases enhances the concentration of tyrosine

phosphorylated proteins, which in turn activate the class IA PI 3-kinases via the

regulatory subunit p85. The SH2 domains in p85 bind tightly to phosphotyrosines

leading to the activation of the PI 3-kinase catalytic subunit (Cantley et al., 1991; Fantl

et al., 1992; Kashishian et al., 1992; Backer et al., 1992; Carpenter et al., 1993;

Rordord-Nikolic et al., 1995).

H2O2 activates PI(3)P 4-kinase

Oxidative stress was reported to cause highly elevated PI(3,4)P2 levels in Swiss3T3

mouse fibroblasts (Van der Kaay et al., 1999). The relatively selective accumulation of
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PI(3,4)P2 without PI(3,4,5)P3 in response to 1 mM H2O2 could arise via several possible

mechanisms. The likelihood of activation of a selective PI(4)P 3-kinase was not

supported by in vitro PI 3-kinase measurements nor by cell labeling data, which showed

a 4-fold increase in PI(4)P levels upon H2O2 treatment. Instead, PI(3)P levels were

reduced by approximately 40 % and this reduction was proportional to the amount of

PI(3,4)P2 produced. This strongly suggested the activation of a PI(3)P 4-kinase activity

(Van der Kaay et al., 1999). In platelets, such an enzyme activity has already been

demonstrated and it appears to account for the selective accumulation of PI(3,4)P2 that

occurs in these cells in response to the cross-linking of activated αIIbβ3 integrin by

fibrinogen (Banfic et al., 1998a). In Swiss3T3 fibroblasts, the formation of PI(3,4)P2

was wortmannin-sensitive, because the PI 3-kinase was needed to produce its precursor

PI(3)P (Van der Kaay et al., 1999).

Oxidative stress provides an easy way to manipulate PI(3,4)P2 levels without increasing

simultaneously PI(3,4,5)P3 levels and hence to study the cellular functions of this lipid

separately from PI(3,4,5)P3 functions.

2.5  Pleckstrin homology (PH) -domains

The pleckstrin homology (PH) domains have been suggested to be main targets for the

PI-signaling molecules in cells. PH domains are found in a large variety of proteins

involved in cellular signaling, cytoskeletal organization, regulation of intracellular

membrane transport and modification of membrane phospholipids (Lemmon and

Ferguson, 1998; Shaw, 1996; Musacchio et al., 1993; Gibson et al., 1994). The PH

domain is a structural protein module of approximately 100-120 amino acid residues. It

was first identified in 1993 in pleckstrin, the major protein kinase C substrate in

platelets (Haslam et al., 1993; Mayer et al., 1993; Gibson et al., 1994; Musacchio et al.,

1993). Despite the poorly conserved primary structures of PH domains, they retain a

highly conserved three-dimensional organization. All of the PH domains whose

structures have been determined so far possess a conserved fold in which the N-terminal

80 % of the protein forms two orthogonally arranged β-sheets, one of which contains

four (1-4) and the other three strands (5-7), whereas the C-terminal region forms an
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amphipathic α-helix (Fig. 12) (Lemmon and Ferguson, 2000; Thomas et al., 2001;

Rebecchi and Scarlata, 1998).

Figure 12. The structure of the DAPP-1 PH domain is shown in a ribbon representation with bound
I(1,3,4,5)P4. The right hand view is oriented perpendicular to that on the left. The C-terminal amphipathic
α-helix is colored blue. β-strands that form the core β-sandwich of the PH domains are colored green and
labeled 1-7. The phosphate positions in the bound inositol phosphates are numbered in red. N and C
termini are labeled. (Adapted from Ferguson et al., 2000)

Although there are now estimated to be approximately 250 proteins in the human

genome that possess a PH domain (Lemmon and Ferguson, 2001), only a small

proportion of them are thought to specifically interact with PI(3,4,5)P3 and/or PI(3,4)P2.

Four major groups of PH domains have been classified (Kavran et al., 1998; Rameh et

al., 1997a). The group I PH domains have a high affinity for PI(3,4,5)P3 and include the

PH domains present in Btk (Salim et al., 1996; Fukuda et al., 1996; Rameh et al.,

1997a) and Grp1 (Venkateswarlu et al., 1998). PH domains of group II have a

preferential affinity for PI(4,5)P2, and are represented by the PH domain of PLCδ

(Lemmon et al., 1995). Group III PH domains, as represented by those found in

PKB/Akt (Franke et al., 1997; Klippel et al., 1997) and DAPP1 (Dowler et al., 1999),

bind to both PI(3,4)P2 and PI(3,4,5)P3. The fourth group of PH domains, represented by

that of dynamin (Rameh et al., 1997a), has a low affinity for PIs. Weak PH-PI

interactions could be stabilized by a co-operative binding by the PH domain to a protein

in addition to lipid binding. Another possibility is that PH domains may act

simultaneously with other domains of the protein to achieve a stable recruitment of the

host protein to the plasma membrane (Maffuci and Falasca, 2001). In addition to these
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four major groups, a recent report has identified novel PH domains with specificities for

PI(3,4)P2 (TAPP1 and 2), PI(4)P (FAPP1), PI(3)P (PEPP1) and PI(3,5)P2 (centaurin-β2)

through in vitro binding assays (Dowler et al., 2000).

The three dimensional structures of at least nine PH domains have been determined by

X-ray and/or NMR methods (Lemmon and Ferguson, 2000; Thomas et al., 2001). The

PI-binding-surface is usually formed by conserved residues in the β1- and β2-strands

and the intervening loop (the β1-β2 loop). The basic residues in the β1- and β2-strands

and the β1-β2 loop, conserved in groups I, II and III but not group IV PH domains, play

a key role in interaction with PIs. In fact, a consensus motif specifying PI(3,4,5)P3

and/or PI(3,4)P2 interaction has been mapped to the β1- and β2-strands and the

intervening loop (Isakoff et al., 1998).

Figure 13. A
consensus sequence
f o r  b i n d i n g
PI(3,4,5)P3 and/or
PI(3,4)P2 derived
from the conserved
residues. X= any
single residue;
*=variable number
o f  r e s i d u e s .

(Adapted from Isakoff et al., 1998)

The second arginine in the β2-strand has been noticed to be important for D-3 binding.

An Arg to Cys mutation at this position in the PH domain of Btk (BtkR28C)

dramatically reduces the selectivity for PI(3,4,5)P3 over the other lipids and causes

agammaglobulinemia (de Weers et al., 1994; Rameh et al., 1997a; Salim et al., 1996;

Fukuda et al., 1996). This same mutation has also been shown to reduce the selectivity

of other PH domains, which normally bind 3-phosphoinositides (Franke et al., 1997;

Marshall et al., 2000). The length of the β1-β2 loop is also a critical determinant of

specificity. A comparison of the X-ray crystal structures of the PH domain from Btk

(binds PI(3,4,5)P3), Grp1 (binds PI(3,4,5)P3) and DAPP1 (binds PI(3,4,5)P3 and

PI(3,4)P2 equally) suggested a contribution of main chain interactions with the 5-

phosphate (Fig. 14) (Ferguson et al., 2000). There are two requirements for Grp1-like

PI(3,4,5)P3 binding specificity: (1) that a cleft or pocket for the 5-phosphate group is

formed by an extended β1-β2 loop (Btk: 11 amino acids long), a β6-β7 insertion (Grp1:

20 aas), or some other additional sequences within the PH domain; and (2) that a
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positively charged side chain in the β1-β2 loop (or elsewhere) imparts a basic character

to this cleft or pocket. A 3-phosphate binding PH domain lacking one of these

characteristics is likely to bind equally to PI(3,4,5)P3 and PI(3,4)P2 (Ferguson et al.,

2000).

Figure 14. Interactions that define 3-PI binding specificities of PH domains. (A) Alignment of Grp1, Btk
and DAPP1 PH domain sequences. Elements of secondary structure are delineated with gray arrows (β
strands) or a black bar (the C-terminal α helix). Residues are colored when their side chain is involved in
interaction with I(1,3,4,5)P4. Yellow represents the interaction with the 1-phosphate; red, the 3-phosphate;
green, the 4-phosphate; and blue, the 5-phosphate. (B-D) I(1,3,4,5)P4 is shown in the binding sites of
DAPP1-PH (B), Grp1-PH (C), and Btk-PH (D). (Adapted from Ferguson et al., 2000)

A comparison between the crystal structure of the PH domain of TAPP1 that binds

specifically PI(3,4)P2 and the PH domain structure of DAPP1 that binds equally to

PI(3,4)P2 and PI(3,4,5)P3, further corroborated the importance of the amino acids in the

β1-β2 loop (Thomas et al., 2001). The structure of the TAPP1 PH domain is similar to

the structure of the PH domain of DAPP1 around the D-3 and D-4 inositol-phosphate-

binding sites. However, a glycine residue adjacent to the D-5 inositol-phosphate binding
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site in DAPP1 (Fig. 15) is substituted for a larger alanine residue in TAPP1, which

induces a conformational change in the neighboring residues (Thomas et al., 2001).

Thomas et al. showed that the mutation of this glycine to alanine in DAPP1 converts

DAPP1 into a TAPP1-like PH domain that only interacted with PI(3,4)P2, whereas the

alanine to glycine mutation in TAPP1 permitted the TAPP1 PH domain to interact with

PI(3,4,5)P3 (Thomas et al., 2001).

Figure 15. Comparison of the DAPP1 and TAPP1 PH domains (a) Structure-based sequence alignment
of TAPP1 residues 190-224 and DAPP1 residues 163-197. Conserved residues are highlighted in black.
Homologous residues are highlighted in gray. Arrows indicate residues in DAPP1 that contact the inositol
head group. Underlined regions indicate the variable loops between the β-strands. (b) Stereo image of the
TAPP1/DAPP1 ligand-binding pockets. TAPP1-PH is shown as a grey ribbon, with residues lining the
ligand-binding pocket drawn in a stick representation with gray carbons. The PI(3,4,5)P3 head group
observed in the DAPP1 structure is shown with the ring in purple and the phosphate groups in yellow and
red. DAPP1 variable loop 1 (VL1) is shown in orange, with residues contacting the inositol head group in
black. The ordered citrate molecule observed in the TAPP1-PH structure is shown as a stick model with
carbons colored green. Residue Ala 203 in TAPP1, which is mutated to a glycine in DAPP1, is shown in
green. (Adapted from Thomas et al., 2001)

These results suggest that PI(3,4)P2 and PI(3,4,5)P3 can be distinguished in single cells,

and further emphasize the distinct, but overlapping, signaling roles of these two lipids.

It is of obvious importance to develop the methods capable of distinguishing these

signaling molecules, especially within the cellular environment in which they act. The

identification of proteins, in addition to TAPP1, that interact specifically with PI(3,4)P2

but not PI(3,4,5)P3 would be especially valuable.


